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(the approximate midpoint of the scaling regime;
movie S2). Differences in spindle lengths for
these two extract droplet geometries were statistically indistinguishable (Student’s t test, P = 0.2
for all slug and sphere data between 40 and
60 mm). Furthermore, spindle length remained
relatively constant despite threefold increases in
slug length over a narrow range of cytoplasmic
volumes (Fig. 3, B and C, and fig. S3). Collectively, these results oppose the predictions of a
boundary-sensing model for spindle length regulation and suggest that cytoplasmic shape is
not likely a major determinant of spindle length.
Through a variety of different mechanisms,
spindles in vivo demonstrate a remarkable ability
to correctly position themselves near the cell center before the onset of anaphase and cytokinesis.
(16–20). Each implicitly requires the spindle be
able to “sense” its position relative to cellular
boundaries. In the absence of boundary sensing,
spindle position within a cell (or a confining extract volume) is expected to be random. To test
this prediction, we plotted spindle position relative to the volumetric centers of confining spheres
and slugs (Fig. 4, A and B). In both geometries,
spindles tended to localize toward the droplet
center to a greater extent than expected for uniform random positioning (Fig. 4, A and B, and
movie S3). This trend was more pronounced in
smaller droplets (Fig. 4, A and B, residual plots).
In contrast, the positions of encapsulated polystyrene beads aligned more closely with average
random positions (Fig. 4, A and B, residual plots;
figs. S1 and S2; and movie S4). This suggested
that the weak convective flows observed in some
slugs were likely not responsible for spindle centering (e.g., movie S5). The distribution of spindle orientations relative to the slug long axis was
found to be 31° T 16° (Fig. 4C), indicating that,
like in cells, a spindle is more likely to align parallel to the long axis of its enclosure (21), even in
the absence of a cortical membrane and associated
pulling forces. Indeed, peripheral spindle microtubules extend well beyond the spindle proper,
effectively increasing its size (22). Perhaps these
peripheral microtubules exert pushing forces
against droplet boundaries that result in centering (23). Alternatively, spindle proximity to a
droplet boundary might influence the distribution of forces generated by microtubule-associated
motors pulling against the bulk cytoplasm (19, 24).
Thus, a boundary-sensing mechanism might indeed work to affect spindle position but contributes
little, if at all, to determining spindle length.
Collectively, our data indicate that changes in
cytoplasmic volume are sufficient to account for
spindle scaling as it occurs in vivo (2). By eliminating alternative hypothetical models, the data
support a scaling mechanism in which a limiting
pool of cytoplasmic component(s) regulates spindle length (8, 11). In large droplets or cells, like in
unbounded extract, spindle length appears to be
constrained by mechanisms intrinsic to the spindle
(2, 25). Once cytoplasmic volume is reduced to a
critical threshold, components become limited,
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which produces smaller spindles. This process
serves as a passive yet robust way for cells to
control the size of their spindles and possibly
other internal structures.
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Cytoplasmic Volume Modulates
Spindle Size During Embryogenesis
Matthew C. Good,1,2,3 Michael D. Vahey,2 Arunan Skandarajah,2
Daniel A. Fletcher,2,4* Rebecca Heald1*
Rapid and reductive cell divisions during embryogenesis require that intracellular structures
adapt to a wide range of cell sizes. The mitotic spindle presents a central example of this flexibility,
scaling with the dimensions of the cell to mediate accurate chromosome segregation. To determine
whether spindle size regulation is achieved through a developmental program or is intrinsically
specified by cell size or shape, we developed a system to encapsulate cytoplasm from Xenopus eggs
and embryos inside cell-like compartments of defined sizes. Spindle size was observed to shrink
with decreasing compartment size, similar to what occurs during early embryogenesis, and this
scaling trend depended on compartment volume rather than shape. Thus, the amount of
cytoplasmic material provides a mechanism for regulating the size of intracellular structures.

A

lthough mechanisms that set eukaryotic
cell size by coordinating growth and division rates have been uncovered (1–3),
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much less is known about how the size and the
shape of a cell affect its physiology. Recent work
has suggested mechanisms by which cell boundaries or size can control biochemical reactions
(2), constrain cytoskeletal assembly (4–6), and
dictate the positioning of internal structures (7, 8).
The size-scaling problem is most acute during
early embryo development, when cell size changes
rapidly. For example, over the first 10 hours of
amphibian embryogenesis, cell diameter may decrease 100-fold, from a 1.2-mm egg to 12-mmdiameter blastomeres, because of cell division in
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the absence of growth (9). Although micrometerscale organelles and intracellular structures have
been shown to adapt and function across a wide
spectrum of cell sizes (10–14), mechanisms of
size scaling remain poorly understood.
We focused on the mitotic spindle, a dynamic
bipolar structure consisting of microtubules and
many associated factors that must be appropriately sized to accurately distribute chromosomes
to daughter cells. During development, spindle
size correlates with cell size in the embryos of
invertebrates (15, 16), amphibians (9) (fig. S1),
and mammals (17). However, it is unknown whether spindle size is governed by compositional
changes as part of a developmental blueprint or
whether spindle size is coupled directly to physical properties of the cell, such as size and shape.
Although molecular mechanisms of spindle size
regulation have been proposed (9–13), the existence of a causal link between cell size and spindle
size remains unclear.
Because of the difficulty of modulating cell
size in vivo, we investigated spindle size scaling

A

Cell-like Compartment

Cytoplasm
+DNA

sembly efficiency decreased in very small droplets and dropped to zero in droplets with a diameter
less than 20 mm (fig. S3, C and D). Thus, two
regimes of scaling were observed: one in which
spindle size was coupled to droplet diameter and
a second in which they were uncoupled. These
two regimes were similar to spindle scaling trends
observed in vivo during early Xenopus embryogenesis (Fig. 1, C and D, and fig. S1B) (9). Thus,
compartmentalization is sufficient to recapitulate
spindle size scaling during embryogenesis in
the absence of any developmental cues (e.g.,
transcription).
We considered two possible explanations for
the scaling of spindle size with cell or droplet
size. The position of cell or droplet boundaries
could directly influence spindle size through interaction with microtubules. Alternatively, cytoplasmic volume could limit the amount of material
for assembly, which has been proposed for centrosome size regulation in Caenorhabditis elegans
(12, 21) and spindle size regulation in mouse
and sea snail embryos (17, 22). To distinguish

by developing an in vitro system of cell-like
droplets of varying size containing Xenopus egg
or embryo cytoplasm. Xenopus egg extracts transit the cell cycle in the absence of cell boundaries
and recapitulate many cell biological activities
in vitro, including spindle assembly (18, 19). To
match cell size changes during Xenopus embryogenesis, we tuned compartment volume 1,000,000fold by using microfluidic systems (Fig. 1A and fig.
S2). A polyethylene glycol (PEG)–ylated stearate
served as a surfactant to prevent droplets from
coalescing and to prevent cytoplasmic proteins
from interacting with the boundary (Fig. 1A).
Metaphase spindle length and width scaled
with droplet size in vitro (Fig. 1, B and C, and fig.
S3). Spindles, which normally have a steadystate length of 35 to 40 mm in bulk egg extract
(20), became smaller as the size of the encapsulating droplet decreased (Fig. 1C and fig. S3).
Spindle size scaling was roughly linear in droplet
diameters ranging from 20 to 80 mm (Fig. 1C),
whereas in larger droplets spindle size matched
that of unencapsulated egg extracts. Spindle as-
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Fig. 1. Spindle length scales with compartment size in vitro and in vivo.
(A) System for creating cell-like compartments in vitro, including a passivated
boundary, cell-free cytoplasm capable of assembling metaphase spindles (Xenopus
egg or embryo extracts), and tunable compartment size. PHS, polyhydroxystearate. (B) Spindles in droplets, compressed to improve image quality, corresponding to spheres 80, 55, and 40 mm in diameter. Uneven shading is due to
image stitching. Scale bars indicate 20 mm. (C) Spindle length in encapsulated
X. laevis egg extract scaled with droplet size in vitro. (Left) Linear scaling regime.
(Inset) Scaling prediction. Raw data (orange circles) and average spindle length
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(orange squares) T SD across 5-mm intervals in droplet diameter are shown.
P value (<10−60) and R2 (0.34) calculated from linear fit to raw droplet data in
20- to 80-mm diameter range. (Right) Full scaling curve in vitro. For comparison, gray bars indicate two standard deviations from average embryo data
in (D). (D) Spindle length scaling in vitro mirrored length scaling in the X. laevis
embryo through stage 8, with similar linear scaling regimes and a plateau where
spindle size was uncoupled from compartment size. Raw data from embryos
across 5-mm intervals in cell diameter (gray circles) and average spindle length
(black squares) T 2 SD (thick error bars) are shown.
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between these two possibilities, we compared
spindle size scaling in droplets that were spherical
or compressed into a disklike shape (z-height ~
25 mm) (fig. S4B). Spindle length and assembly
efficiency in differently shaped droplets collapsed onto the same curve when plotted against
volume but not diameter, suggesting that spindle
assembly is dependent on the amount of cytoplasm rather than the position of the compartment
boundaries (Fig. 2 and fig. S4C). Although spindles were positioned near the center of cells in the
embryo, they were more randomly distributed
when formed in droplets (fig. S4D) (23). Although
the cell boundary plays a crucial role in positioning
and could affect spindle size in vivo, we did not
observe an effect in droplets. Thus compartment
volume, not boundary interactions, dictates spindle
size in our system.
To elucidate how spindle size scales with compartment volume, we considered a limiting component mechanism, in which the amount of
particular molecules per cell regulates spindle
assembly. Although multiple components could
become limiting, we focused our attention on
tubulin, the subunit of microtubules and the major structural component of the spindle, whose
levels have been implicated in regulating spindle
size (24). Because the cellular tubulin concentration and the number and length of microtubules
in the egg extract spindle have been characterized
(25, 26), it was possible to determine what fraction of soluble tubulin within a given volume remained in the cytoplasm after spindle assembly.
We used this information to create a simplified
quantitative model that predicted spindle size on
the basis of compartment volume (Fig. 3A and
fig. S5). The model assumes an available pool
of soluble ab-tubulin dimers, which is depleted
as the spindle assembles, and depends on both
cytoplasmic volume and spindle volume. Because
tubulin concentration is known to affect microtubule dynamics (27, 28), we hypothesized that
this depletion might drive volume-dependent
spindle scaling. Combining this idea with measured spindle parameters (25, 26) and the observation that tubulin density in the spindle does
not change with spindle size (fig. S6B, inset)
(29), we derived an analytical model for volumedependent spindle scaling that agrees quantitatively with our data both in droplets (Fig. 3B
and fig. S5C) and in cells during embryogenesis
(fig. S5D) (23).
A key prediction of this model is that the
soluble tubulin concentration after spindle assembly should be lower for smaller cells. We
measured the fluorescence intensity of tubulin in
the cytoplasm and spindle as a function of cell
volume (fig. S6A) and found that cytoplasmic
tubulin was significantly depleted in cells smaller
than 150 mm in diameter, with up to 60% of the
total cellular tubulin incorporated into the spindle
in the smallest cells (Fig. 3C and fig. S6B). This
result is quantitatively consistent with our model
(Fig. 3C) and rules out other models in which the
spindle assembles from a constant fraction of

cellular material. Although our analysis suggests
that tubulin is necessary to maintain spindle size,
it is not likely to be sufficient. The addition of
tubulin to egg extracts did not alter spindle
scaling in droplets (fig. S7), presumably because
the levels of other spindle assembly factors were
also limiting. In summary, although the model
described here is general and can be applied to
other molecular components that are enriched in
the spindle, its quantitative agreement with measured data suggests that tubulin depletion plays
an important role in volume-dependent spindle
scaling.
Volume offers a useful mechanism for directly modulating spindle size throughout development. Because cell size varies within an embryo
and even within individual stages of development (fig. S8A), scaling mechanisms based only
on developmental timing or cytoplasmic composition would not couple spindle size to cell size,
potentially leading to spindle positioning errors.
We found that spindle length and cell volume
correlated across most stages of X. laevis early
embryogenesis (Fig. 4A) and within individual
developmental stages (fig. S8, B and C), in
support of volume-dependent scaling in vivo.
To demonstrate that cytoplasmic volume regulates spindle size independent of developmental stage, we encapsulated stage 4 (8-cell) and
stage 8 (~4000-cell) embryo extracts. In the largest
droplets, maximum spindle size was consistent
with results in unencapsulated extracts (30) and
depended on developmental stage (Fig. 4B).
Nonetheless, encapsulated mitotic spindles from
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both extracts exhibited volume-dependent scaling
(Fig. 4B), showing that cytoplasmic volume and
composition together control spindle size during
X. laevis embryogenesis.
To determine whether cytoplasmic volumedependent spindle scaling is conserved in other
organisms, we encapsulated egg extracts from a
related frog species, Xenopus tropicalis, which
generate smaller spindles than X. laevis extracts,
in part because of higher microtubule-severing
activity of p60 katanin (20, 31). Like X. laevis spindles, X. tropicalis spindles scaled with compartment volume, both in vitro (fig. S9, A and B) and
in vivo (fig. S10B). Combined with recent data
for spindle size in embryos of the mammal Mus
musculus (17), these findings indicate conservation of volume-dependent scaling in vertebrate
evolution. Although the upper limits to spindle size
vary in embryonic cells among these organisms
(fig. S10C), large portions of the scaling curves
closely overlapped (fig. S10D).
Taken together, these results suggest that
volume-dependent spindle size scaling is conserved across spindle architectures (meiotic and
mitotic), developmental stages, and vertebrate species. Previous reports on spindle scaling factors
have focused primarily on compositional differences between cells or cytoplasmic extracts. We
have identified cell volume as a physicochemical
scaling mechanism that regulates spindle size
through limiting amounts of cytoplasmic material, acting in concert with other mechanisms that
alter activity of microtubule regulatory factors
(26, 29–31). All together, mechanisms altering
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the concentration or activity of cytoplasmic scaling factors appear to modulate maximum and minimum spindle size, whereas cytoplasmic volume
couples spindle size to cell size (fig. S11). We
propose that the amounts of certain molecules
known to be important for spindle assembly,
including but not limited to tubulin, are responsible for this coupling, which weakens as cell

volume increases and the components required
for assembly are no longer limiting.
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ERF115 Controls Root Quiescent
Center Cell Division and
Stem Cell Replenishment
Jefri Heyman,1,2 Toon Cools,1,2 Filip Vandenbussche,3 Ken S. Heyndrickx,1,2 Jelle Van Leene,1,2
Ilse Vercauteren,1,2 Sandy Vanderauwera,1,2 Klaas Vandepoele,1,2 Geert De Jaeger,1,2
Dominique Van Der Straeten,3 Lieven De Veylder1,2*
The quiescent center (QC) plays an essential role during root development by creating a
microenvironment that preserves the stem cell fate of its surrounding cells. Despite being
surrounded by highly mitotic active cells, QC cells self-renew at a low proliferation rate. Here,
we identified the ERF115 transcription factor as a rate-limiting factor of QC cell division, acting as
a transcriptional activator of the phytosulfokine PSK5 peptide hormone. ERF115 marks QC cell
division but is restrained through proteolysis by the APC/CCCS52A2 ubiquitin ligase, whereas QC
proliferation is driven by brassinosteroid-dependent ERF115 expression. Together, these two
antagonistic mechanisms delimit ERF115 activity, which is called upon when surrounding stem cells
are damaged, revealing a cell cycle regulatory mechanism accounting for stem cell niche longevity.
lant root growth and development depend
on the continuous generation of new cells
by the stem cell niche that is located in the
proximal zone of the root meristem. Key to the
maintenance of the stem cell niche are a small
group of organizing cells, the quiescent center
(QC) (1–4). QC cells divide with a frequency
lower by a factor of 3 to 10 than mitotically active
root cells (2, 5–7). Combined with the suppression of stem cell differentiation, a low QC proliferation rate is fundamental to maintain root
structure and meristem function (7). Whereas inhibition of stem cell differentiation is controlled
through the retinoblastoma pathway (8), the molecular components that control the QC cell division
rate remain unknown. The Arabidopsis thaliana
CELL CYCLE SWITCH 52 A2 (CCS52A2)
activating subunit of the anaphase-promoting
complex/cyclosome (APC/C), a highly conserved
E3 ubiquitin ligase that marks cell cycle proteins
for destruction, restrains QC cell division (9).
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CCS52A2 copurifying proteins identified through
tandem-affinity purification (fig. S1) (10) were
screened for their ability to promote QC cell proliferation upon ectopic expression. Among these,
the ethylene response factor 115 (ERF115) resulted
in a QC cell division phenotype that mimicked
that of ccs52a2-1 knockout plants (Fig. 1, A to C).
Expression of the WOX5-GFP (green fluorescent
protein) marker confirmed that it was the QC cells
that divided (fig. S2).
ERF115 (At5g07310) belongs to the ETHYLENE RESPONSE FACTOR family of transcription factors that control the transcription of
genes linked to various biological processes related to growth and development. Biochemical
data validated that ERF115 is a proteolytic target
of APC/CCCS52A2. The proteasome inhibitor
MG132 stabilized the chimeric ERF115-GFP reporter in a CCS52A2-dependent manner (Fig. 1,
D to G, and fig. S3). In contrast, knockout of the
paralogous CCS52A1 gene, which controls the
timing of cell cycle exit of the root cells within
the cell elongation zone through cyclin destruction (6, 11), did not affect proteolysis of ERF115
(Fig. 1, H and I). ERF115 has two putative
destruction (D)–box sequences (amino acids 115
to 118 and 150 to 153) that are recognized by the
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APC/C (fig. S4A). Inactivation of the proximal
D-box stabilized ERF115, whereas its stability
was increased by mutation of the second D-box
(Fig. 1J and fig. S4B).
In agreement with ERF115 being a proteasome
target, within translation reporter lines, ERF115GFP fluorescence could only be detected upon
MG132 treatment, revealing a QC cell–specific
accumulation pattern (fig. S5). Correspondingly,
ERF115 promoter activity was observed in the
QC cells (Fig. 2A), albeit only in 11.7% of the
examined roots (n = 60 root tips). As observed
previously (6), a modest temperature increase
promoted QC cell division (31.0% at 24°C versus 15.0% at 21°C; n = 20 and 29 roots, respectively), coinciding with a temperature-dependent
rise in pERF115:GUS-positive QC cells (Fig. 2C),
of which 32.3%, corresponding to the QC cell
division frequency at 24°C, showed signs of a
recent cell division, as indicated by the presence
of two adjacent blue cells (Fig. 2B). When grown
with the cell cycle inhibitory drug hydroxyurea,
plants had fewer pERF115:GUS-positive QC cells
(Fig. 2C). Thus, ERF115 expression marks dividing QC cells.
Ethylene plays a putative role in QC cell division (5) and regulates some members of the
ERF gene family. However, the frequency of
pERF115:GUS-positive QC cells did not vary
upon treatment with the ethylene precursor
1-aminocyclopropane-1-carboxylic acid (ACC) or
ethylene itself, nor upon treatment with the ethylene inhibitor silver nitrate (fig. S6), suggesting
that ERF115 is not involved in ethylene perception
or signaling. Brassinosteroids also promote QC
cell division (12). Correspondingly, ERF115 expression appeared to depend on brassinosteroids,
because treatment with brassinolide increased
the number of pERF115:GUS-positive QC cells
(Fig. 2C and fig. S7) and reached up to 86.6%
(n = 82 root tips) at 24°C. Because of the link between ERF115 expression and QC cell division, we
investigated whether the brassinosteroid-dependent
QC cell proliferation phenotype was ERF115 dependent. QC cells of erf115KO lines still divided in
response to brassinosteroid treatment, perhaps due
to gene redundancy in the 122-member ERF gene
family. To circumvent this problem, we converted
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